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Abstract 

Molecularly imprinted polymers (MIPs) are synthetically fabricated materials capable of 

selectively binding with target analytes and thereby enabling their selective detection. MIPs are 

good candidates for the selective detection of Tetrahydrocannabinol (THC), the primary 

psychoactive ingredient in Cannabis, as there is an emergent need for new technologies to 

selectively detect and monitor THC for health, safety, and quality control applications, especially 

portable miniaturized devices (e.g. for roadside tests). Microfluidic gas sensors are modifiable 

miniaturized devices that selectively detect a target gas through microchannel modifications. In 

this study, highly selective microfluidic gas sensors toward THC are reported based on MIP 

coatings. The sensors’ performance was evaluated by exposure to THC, Cannabidiol (CBD), 

methanol, and ethanol samples. The findings demonstrated that the recognition sites of MIP 

properly captured THC molecules, enabling distinguishing THC from CBD, methanol, and 

ethanol. 
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Chapter 1: Introduction 

1.1 Molecularly imprinted polymers (MIPs) 

The molecular imprinting technique is a useful tool for creating durable materials with 

specific recognition features [1]. Molecularly imprinted polymers (MIPs) are a new class of 

materials with synthetically produced receptor architectures capable of selective binding [2]. Even 

when present in complex mixtures, the resulting polymer, which is highly crosslinked and durable, 

can identify and selectively bind the template [3]. 

Typically, molecular imprinting is defined as the creation of a particular recognition cavity 

by the polymerization of functional monomers and a crosslinker around a template [4]. A template 

and a functional monomer first combine to create a complex. Second, a crosslinker is used to obtain 

a successful polymerization all around the complex. After the template molecule is extracted, the 

recognition cavity is created. Recognition cavities can specifically interact and bind with the target 

molecule since they resemble it in terms of size, shape, and functional group. In other words, a 

lock and key mechanism exists in which the target analyte serves as the "key," and MIP serves as 

the "locks" that fit it perfectly [5]. There is a growing interest in leveraging MIP technology for 

sensing application and a key research topic has been the synthesis of MIPs with improved binding 

capacity, imprinting factor, and selectivity towards target analytes. MIPs have superior or 

comparable high affinity and selectivity compared to natural receptors (such as antibodies) [6]. 

MIPs may be fabricated for a wide range of chemical and biological species [7]. Strong cross-

linking in these polymers also provides high chemical, mechanical, and thermal resistance, 

allowing MIPs to be used in challenging chemical environments [7]. These environments include 

those that are acidic, alkaline, or include organic solvents. In addition, MIPs production is low 
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cost, and they are generally resistant to high pressure and temperature conditions [7] resulting in 

their binding cavities can retain their selectivity even after prolonged storage [7]. 

1.2  Methods of synthesis of MIPs 

Various methods, such as bulk polymerization, precipitation polymerization, suspension 

polymerization, emulsion polymerization, radical polymerization, core-shell polymerization, and 

electrochemical polymerization, have been developed for the synthesis of MIPs. Other recent and 

less conventional production methods of MIPs and MIP composites are soft lithography or surface 

stamping and phase inversion. 

1.2.1 Precipitation polymerization 

An effective approach for creating the spherical molecularly imprinted polymer is 

precipitation polymerization. This technique involves dissolving template molecules and 

functional monomers in a suitable solvent. After adding a certain quantity of cross-linker and 

initiator, the polymerization is carried out using light or heat. Precipitation polymerization needs 

a long reaction time, and a suitable solvent is used to wash away the template molecule from the 

polymer precipitate at the end. The solvent in the precipitation polymerization must meet certain 

requirements in order to dissolve the target molecules, functional monomer, cross-linker, and 

initiator while leaving the produced MIPs unaffected [8]. Because surfactants are not used for this 

synthesis, less environmental pollution results. Additionally, the size distribution of the 

synthesized polymer particle is uniform. Some drawbacks of this approach include the large 

solvent volume, lengthy reaction time, and challenging solvent removal from the polymer [9]. This 

method has been successfully used for the synthesis of polymethyl methacrylate nanoparticles with 

acetone recognition sites [10] and Creatinine MIP nanoparticles [11]. 
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1.2.2 Electrochemical polymerization 

The synthesis of a polymer on the surface of a solid electrode material and/or a supporting 

substrate material is the fundamental idea behind electropolymerization or electrochemical 

polymerization [12]. It is a technique for creating polymer films under the influence of an electric 

field, and this technique enables the direct deposition of an MIP film onto a transducer, such as an 

electrode [13]. For example, it can be done on an electrode of a resonator of a quartz crystal 

microbalance (QCM) or a chip for surface plasmon resonance (SPR) spectroscopy measurements 

[14]. In electropolymerization, a conductive MIP polymer layer is applied to an electrode or a 

supporting substrate while the desired template is present. A three-electrode experimental setup is 

needed for electropolymerization. These three electrodes are the working, reference, and counter 

electrodes. The working electrode is covered with a MIP film [15]. In a standard three-electrode 

electropolymerization experimental setup, it is the electrode where the polymerization occurs. It 

can be a conducting glass, a noble metal, a carbon substance, or an alloy. A reference electrode, 

most often an Ag/AgCl electrode or a saturated calomel electrode (SCE), enables the working 

electrode surface to be adjusted to a known potential. The electrical circuit in the electrochemical 

cell is then closed by the counter electrode, which is often a platinum or nickel rod. The template 

molecule, the monomer, the supporting electrolyte, and the solvent are all present in the solution 

that these three electrodes are submerged [12].  

1.2.2.1 Procedure of electrosynthesis of MIPs 

The chosen monomer and the template are combined in a solution at a predetermined ratio 

to begin the electrosynthesis of MIPs by electropolymerization. The electropolymerization is 

carried out once they have been combined [12]. Different electrochemical methods may be 

employed to electropolymerize MIPs; the most popular ones are potentiostatic [16], galvanostatic 
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[17], or potentiodynamic [18] procedures. A constant potential is used to carry out the earlier 

method (potentiostatic). A constant current drives the process of galvanostatic polymerization. The 

cyclic voltammetry technique, which is used in the potentiodynamic method, involves sweeping 

across a certain window of potentials. After the production of polymer layers in which the template 

molecule is trapped, the polymer is put through an extraction phase by submerging the working 

electrode in an extraction solution that leaves behind cavities which contain imprints of the 

selected template [12].  

1.2.2.2 The monomer in electropolymerized MIPs 

The electropolymerization process and the effectiveness of the electrosynthesized MIPs 

are significantly influenced by the monomer choice. The monomer should have the ability to 

interact with the template in addition to being electroactive [12]. The monomer creates a complex 

with the template, and it is crucial to carefully choose the functional monomer since it should 

provide the necessary functional groups. When the template and functional monomer interact more 

strongly, a more stable complex with a high capacity for binding is formed, which improves the 

cavities' capacity for recognition and selectivity [19]. Pyrrole [20], [21], aniline [22], [23], o-

phenylenediamine [24], and carbazole [25] are among the popular monomers that have been used 

to create MIPs and MIP composites. Many researchers employed pyrrole to electrochemically 

produce MIPs, making it one of the most widely used monomers. This monomer is the subject of 

much attention due to its easy oxidation and water solubility. Additionally, polypyrrole has a 

variety of advantageous inherent qualities, including great biocompatibility, environmental 

stability, superior redox characteristics, and the potential to have high electrical conductivity [26], 

[27]. 
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1.2.2.3 Monomer and template ratio 

The quantity and quality of the MIPs unique recognition sites are dependent on the molar 

ratio of the template to the functional monomer. In general, the self-assembly of the template 

molecule to functional monomers may be made simple and completely accomplished by increasing 

the ratio of the function monomer to the template molecule. However, a large fraction of functional 

monomer may allow for self-aggregation. This increases the nonselective binding sites produced 

by functional monomer residues that are still in the unassembled state of the polymer. The problem 

of low functional monomer is the lack of functional monomer resulting in less than ideal assembly 

[28]–[30]. 

1.2.2.4 Advantages and disadvantages of electrosynthesis technique 

Comparing electropolymerization to conventional methods, there are various benefits. For 

instance, it enables the polymer to adhere to the transducer surface more effectively. Furthermore, 

the MIPs may be produced using the electropolymerization approach in a matter of minutes. The 

ability to produce MIPs for proteins, bacteria, and viruses in an aqueous environment and at room 

temperature is a significant benefit [12]. Additionally, the choice of an appropriate solvent and 

supporting electrolyte allows for control over the polymer's shape and layer thickness (by 

regulating the amount of charge transmitted during electropolymerization) [15]. A polymerization 

initiator, UV light, or heating is not required in this process [26]. The creation of MIPs or MIP 

composites using electropolymerization processes is compatible with the development of sensors 

and especially electrochemical sensors. However, the electrosynthesis method requires fresh 

synthesis as the electrode's effectiveness declines over time, which has an adverse effect on the 

lifespan of the produced MIPs [12]. 
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1.3 Application of MIPs in the sensors field 

The production of transducers, sensors, and delivery systems has been revolutionized by 

MIPs because of their exceptional durability, stability, affordability, a wide range of applications, 

and adjustability for different applications [13]. Drug delivery, separation sciences, sensors and 

biosensors, food analysis, wastewater treatment, purification, and catalysis are some of the notable 

application fields for MIPs. 

Generally, sensors are analytical devices that may be used to detect the concentration of 

various analytes of interest. The employment of electrochemical and optical sensors has been more 

popular owing to their experimental simplicity, broad applicability, cheap cost, and imitation 

recognition function toward target molecules [31]. The main components of a sensor are the 

molecule identification component and the and signal converter. The basic principle of detection 

based on the use of the molecule-identification element (receptor) to selectively identify a target 

analyte and then use a signal converter (transducer) to generate an output signal [32]. To enhance 

the sensitivity and selectivity of sensors, they are often modified with various chemical substances 

such as carbon nanomaterials [33], enzymes [34], aptamers [35], antibodies [36], and quantum 

dots [36]. 

MIPs are often utilized in the construction of sensors in order to improve their analytical 

performance, particularly selectivity [37]. The response of sensors to the selective binding of target 

molecules to the MIP interface is used to detect the presence of the target analyte in samples. 

Several transduction methodologies are applicable for MIP sensing, such as a change in electrical 

current in electrochemical sensors, a shift in fluorescence intensity in quantum dot sensors, a shift 

in angle or wavelength in surface plasmon resonance sensors, and changes in oscillation mode in 

piezoelectric sensors are all brought on by the binding event [38].  
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Si et al. described the use of MIPs in the creation of electrochemical sensors for the 

detection of various neurotransmitters. For the MIP sensor, pyrrole (PPy) and o-phenylenediamine 

(o-PD) were employed as functional monomers. Using differential pulse voltammetry (DPV) on 

three separately constructed custom-built MIP-based sensors, they show the capability of selective 

detection of dopamine (DA), norepinephrine (NE), and epinephrine (EP). Through testing, they 

found that all MIP sensors were more sensitive than non-imprinted (NIP) sensors because of their 

specialized molecular receptors [39]. 

Hawari et al. showed the production and properties of a fruit volatile imprinted polymer, 

and a novel technique for determining fruit ripeness based on MIP-QCM was presented by them. 

MIPs with templates such as limonene, α-pinene, and β-pinene were synthesized and coated onto 

the surface of QCMs (Quartz Crystal Microbalances). The MIP-QCM sensors used to specifically 

detect targeted volatiles from mango [40]. 

MIP materials can be further modified to create novel composites and custom sensor 

architectures with enhanced features [41]. MIP composites and MIP nanocomposites may be 

fabricated using a wide variety of materials and customized based on the specific application. As 

an example, Mousazadeh et al. developed a chemiresistive sensor for the detection of hexanal, a 

volatile organic molecule that has been shown to be a biomarker for cancer, using a nanocomposite 

of gold nanoparticles (AuNPs) and hexanal imprinted MIPs. The sensor's electrical response and 

resistance change were measured after drop-casting the nanocomposite onto an interdigitated 

electrode.  The linear range of the sensor was estimated to be between 2.5 and 300 ppm, while the 

limit of detection was found to be 1.1 ppm. In a test of selectivity, the sensor's response to hexanal 

was three greater compared to other volatile organic compounds with a similar number of carbon 

atoms [42]. Similarly, Jahangiri-Manesh et al. described the development of a chemiresistive 
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sensor for  selective acetone gas detection using a composite of MIPs and AuNPs. The limit of 

detection (LOD) was 66 ppm, and the reaction time was 3.7±1 s [43]. 

Janfaza et al. presented a chemiresistive sensor for the lung cancer biomarker hexanal. MIP 

nanoparticles and multi-walled carbon nanotubes were combined to create a composite material to 

be used in the sensor. The detection limit was 10 ppm, and the sensor was effective throughout a 

concentration range of 10 to 200 ppm [44]. 

Because of the advantages mentioned for MIPs, these kinds of sensors have become 

commercially attractive, especially when selectivity is of utmost importance. Some of the most 

promising MIP sensor application fields are 1) in the production of chemicals and pharmaceuticals 

under harsh circumstances such as high and low pH, hazardous solvents, high temperature, 

pressure, and radiation, 2) in medicine and pharmacology for in vivo monitoring and drug 

screening 3) in continuous emissions sensors, remote sensing, and point-source monitors for the 

environmental applications 4) in the investigation of harsh conditions in deep space and space 

exploration [45]. 

However, before effective commercialization can begin, several major issues related to 

MIP development must be resolved. These include the creation and verification of a universal MIP 

design protocol, the creation of MIPs that can work well in water, establishing of efficient 

immobilization procedures, and enhancing the ratio of specific to nonspecific binding and 

significantly boosting polymer affinity [45]. Polymer chemists building MIPs and engineers 

creating sensors need to communicate more effectively. As technology develops further, MIP 

sensors will occupy distinct market niches. 
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1.3.1 Fabrication of MIP electrochemical sensors 

MIP electrochemical sensors are fabricated by mounting MIP to the electrode surface to 

work as the selective recognition element of the sensor. The electrochemical signals generate when 

MIPs detect the target analyte, and electrochemical sensing occurs. The Electropolymerization 

method has been successfully used to fabricate these MIP electrochemical sensors. In this method, 

MIP is electropolymerized on an electrode in the presence of a template and after the extraction 

step, specific recognition cavities exist within the polymer matrix that are complementary in size 

and form to the template. This synthesis method of MIPs on the electrodes has overcome the 

difficulties and obstacles of conventional methods [46]. This approach is excellent for the creation 

of sensors, and it accurately synthesizes a sensitive layer on the surface of an electrode using a 

deposition procedure [47]. 

1.3.2 MIPs and microfluidic gas sensing 

The most popular techniques for the detection of gases include gas chromatography, optical 

techniques, surface acoustic wave (SAW) techniques, and chemiresistive techniques [48]–[54]. 

The working principle of chemiresistive gas sensors is based on conductivity changes when the 

sensing material is exposed to the target gas. One of the most popular gas detectors operating based 

on this working principle is the Metal Oxide Semiconductor (MOS) sensors. Different geometries 

of MOS sensors may be created, ranging from bulk samples to nanostructures like nanorods [55], 

nanosheets [56], and nanowires [57]. For a particular application, these sensing layers may be 

chemically and physically modified. 

Excellent electrochemical and sensing capabilities may be found in metal oxides [58]. 

Chemical and gas sensors have utilized oxides of different metals as their primary recognition 

components since 1962 [59]–[62]. Metal oxides are well suited for use as sensors due to their low 
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cost, great chemical, and thermal stability, outstanding mechanical and electrical qualities, and 

compatibility with a range of electronic, optical, gravimetric, and acoustic equipment [63]. 

Many different gases, including volatile organic compounds, hydrogen sulfide (H2S), 

ammonia (NH3), nitric oxides (NOx), and other nuisance gases have been detected using metal 

oxide semiconductors. For example, Ghimbeu et al. developed a metal-oxide-semiconductor 

(MOS) gas sensor for H2S using tin oxide doped with copper oxide (Cu - SnO2) sheets. At a 

relatively low working temperature (100 °C), this sensor showed a strong response to 

concentrations as low as 10 ppm of H2S, demonstrating both high sensitivity and selectivity [79]. 

When it comes to detecting different molecular targets in complex mixes or actual samples, 

metal oxides have low and poor selectivity [64].To enhance the selectivity of these MOS sensors, 

they can be integrated with a microfluidic channel. The channels can be 3d-printed in different 

geometries, dimensions, surface chemistries, and with/without microfeatures to improve the 

selectivity of detection. The diffusion and adsorption /desorption of the analyte molecules along 

the channel, which are affected by the channel coating and dimensions, provide us with a more 

selective detection [65]–[67]. Adjustment of the channel coating and the combination of the layers 

should be observed [68]. The coating and roughness of the channel can be changed in different 

ways (e.g., by adding nanostructures [69]). Also, the presence of micro features in the channel in 

an optimized way (optimized dimensions and distance between each other) improves the 

selectivity of this gas detector [70].  

Different coatings can be applied on the surface of these channels based on their 

application. Coating channels with MIPs is a novel sensing technique based on the selective 

trapping of a target analyte and thereby preventing its diffusion through the microchannel [71]–

[73]. In this way, the incorporation of MIPs into the channel can be modify its surface properties 
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and interaction with the analyte. A differential signal based on MIPs and NIPs can accurately 

signal the presence of the MIP-targeted analyte. Janfaza et al. previously combined a 3D-printed 

microfluidic channel with MIP NPs to develop a dual channel device for selective detection of 

acetone [10]. 

1.4 ∆9-tetrahydrocannabinol (∆9-THC) importance 

 Cannabis products are used widely as a textile, food, and recreational and medicinal drugs 

[74]. About 3.9% of the world's adult population, or 192.2 million individuals (aged 15–64), used 

cannabis in 2016, according to a study by the United Nations Office on Drugs and Crime 

(UNODC) [75]. These indicate a demand for expanding cannabinoids-related knowledge. The 

rising public pressure in favor of cannabis legalization has also had an impact on the expanding 

scientific interest in cannabis research. Peer-reviewed Cannabis research publications rose 

annually by an average of 13% between 1990 and 2016, over that time period, and there were 93 

research publications on cannabis published in total in 1990, compared to 2161 articles in 2016 (as 

observed on Google Scholar and PubMed with cannabis and synonyms thereof as search terms) 

[76].  

Two of the most important cannabinoids are ∆9-THC and cannabidiol (CBD). ∆9-THC is 

the main psychoactive component of Cannabis, influencing brain function and impairment [77]–

[79]. For recreational usage, cannabis with a high amount of ∆9-THC, the major psychoactive 

component, is preferred over CBD which is better known for its medicinal uses and lack of 

psychoactivity [80]. CBD and  ∆9-THC have similar molecules with totally different impacts and 

applications. Therefore, it is important to be able to distinguish a ∆9-THC sample from a CBD 

sample. Despite the fact that cannabinoid sensing procedures are well established in laboratory-
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based approaches, miniaturized and portable cannabis sensors are not yet widely developed [81]. 

Various methods, such as gas chromatography-mass spectrometry (GC-MS) and high performance 

liquid chromatography (HPLC), have been employed to measure ∆9-THC and its respective 

metabolites, such as 11-hydroxy-∆9-THC (11-OH-∆9-THC) and 11-nor-9-carboxy ∆9-THC (∆9-

THCCOOH) in different biological matrices, and MIPs can be considered as good candidates to 

be integrated with sensing devices and methods to improve the selectivity toward ∆9-THC. ∆9-

THC MIP sensors can be considered as useful platforms for different applications, especially those 

requiring miniaturized devices such as roadside tests and extraction technologies. It should be 

noticed that for such applications, the device needs to detect concentrations as low as 50 ppb 

(ideally 250 ppt for breath analysis) [76]. 

A micro-solid extractor for cannabinoids using MIPs and a high performance liquid 

chromatography-tandem mass spectrometry (HPLC-MS/MS) system was described in analyzing 

the plasma and urine of marijuana abusers by Sanchez-Gonzalez et al. [82]. 

Nestic et al. described using MIP coupled with GC-MS to extract tetrahydrocannabinol and 

its main metabolites in urine samples [83]. 

 Zhang et al. showed the development of a series of carbon-based sensors using carbon 

materials and THC-imprinted poly(MAACo-EGDMA). High THC selectivity was acquired using 

molecular imprinting technique. The huge surface areas of carbon materials provided efficient 

detection [84]. 
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1.5 Objective 

Selective detection of different cannabinoids and the capability to distinguish them from 

each other is a challenging and important goal. THC, the primary psychoactive component of 

Cannabis, is needed to be differentiated from other cannabinoids, especially CBD which has 

similar chemical formula and structure to THC without any psychoactive effects. There is an 

emergent need for the portable miniaturized devices with this capability. Developing this kind of 

device can result in fabrication of THC detection devices for roadside tests, quality control tests in 

extraction technologies, and many other applications. Here, the feasibility of the integration 

between MIPs and microfluidic gas sensors for the selective detection of THC is studied. The 

MIP’s and microfluidic gas sensors’ characteristics and the ease of control on the properties of the 

resulting device make it an ideal choice for the aforementioned applications. The development of 

this device results in a portable, compact, relatively cheap, sensitive, and highly selective device 

toward THC. 
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Chapter 2: Methodology 

2.1 Microfluidic channels along with MOS sensors 

Three main parts form the microfluidic gas sensor; 1) 3D-Printed microchannel, 2) MOS 

sensor, 3) Electrical circuit [85], [86]. A connex 500 3D printer was used to fabricate the optimized 

microfeatures embedded microchannels from VeroClear RGD810 [67], [87] with the dimensions 

of 500 μm, 3 mm, and 3 cm as the height, width, and length, respectively. The microfeatures’ size 

and distribution are very important. 50 microfeatures were added to the microchannel with a radius 

of 0.35 mm, a height of 0.4 mm, and distance of 0.8 mm. This microchannel has been developed 

in previous studies [70]. The microfluidic gas sensor's selectivity is improved by the high surface-

to-volume ratio (MCs/MCv) of the microchannel, which enhances the surface interaction between 

the target analytes and microchannel [88], [89]. The microchannel and MOS sensor can be seen in 

Figure 1. 

 

Figure 1 - Microfluidic channel and MOS sensor 



15 

 

Parylene C, with a thickness of 5 microns, was coated on the channels using a chemical 

vapor deposition (CVD) coating machine (SCS PDS 2010 Labcoater) to create a barrier layer that 

is chemically inert. The figaro MOS sensor connected to the electrical circuit was put at one end 

of the channel, and the gas entered the channel from the other end during the exposure time. The 

analytes diffuse along the channel and reach the sensor. When the target analyte reaches the 

sensing layer of a MOS sensor, the sensing layer's conductivity and the signal are altered. The 

MOS sensor is connected to the electrical circuit and a 5-volt DC power source (VC) to get the 

required power for reading the response signals from the sensor and work with the ideal working 

temperature (300º C) maintained by the sensor’s microheater. 

2.2 MIP thin film synthesis 

Electropolymerization synthesis is used in this study. To begin the electrosynthesis of MIPs 

by electropolymerization, the template (THC) and the selected monomer (pyrrole) were mixed in 

a solution at a specified ratio. There are three different ratios that were investigated in this study. 

They are 20:1, 6:1, and 2:1 (monomer: template). After they mixed, sodium perchlorate 

monohydrate (0.1 M) was added to the mixture as the electrolyte to enhance the conductivity of 

the solution. The electropolymerization requires a three-electrode experimental setup. Working, 

reference, and counter electrodes are these three electrodes, and they are submerged in the prepared 

solution. Here, the working electrode was the microfluidic channel. The channel had a coating of 

chrome (35 nm) and gold (65 nm) over Parylene C coating to provide a conductive surface. The 

electrosynthesis was done using the cyclic voltammetry (CV) method (-0.2 to 0.8 V, 6 cycles at a 

scan rate of 50 mV/s) by VersaSTAT 4 Potentiostat Galvanostat, and the MIP thin film 

(polypyrrole) covered the working electrode at the end the electrosynthesis. The template molecule 

was trapped in this synthesized polymer. The extraction step was taken by immersing the working 
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electrode in an extraction solution (methanol and acetic acid mixture with a ratio of 9:1) and 

keeping it there for about 2 hours while shaking slowly. It left behind particular cavities created 

especially for the template (THC). Scanning electron microscopy (SEM) and X-ray photoelectron 

spectroscopy (XPS) were used to characterize and study the microchannels before and after 

coating. When the template is absent during synthesis, a control known as a non-imprinted polymer 

(NIP) is produced. For NIP thin film, no template (THC) was added to the solution, and no 

extraction and washing was needed. All other steps were the same as MIP thin film. A channel 

before and after MIP thin film coating can be seen in Figure 2. 

 

Figure 2 - Microchannel a) before and b) after MIP thin film coating 
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2.3 MIP NPs synthesis 

The MIP and NIP NPs were synthesized using the precipitation procedure. For MIP NPs, 

methacrylic acid (3 mmol) and THC (1 mmol) were added to 30 ml acetonitrile, and the incubation 

of the mixture took about 20 minutes. After adding AIBN (80 mg) and EGDMA (3mmol) to the 

mixture, Nitrogen was used to purge it for about 15 minutes. The mixture was put in a sealed glass 

bottle. An oil bath at the temperature of 60–65 °C was used for the polymerization. It occurred 

thermally by keeping the bottle in the oil bath for 15 h while the mixture was stirred. In Figure 3, 

the thermal polymerization in an oil bath and the product can be seen. For NIP NPs, THC was 

eliminated from the ingredients, and the same steps were taken. Following polymerization, the 

solution was centrifuged, and the resulting polymer was ground into a powder. The following step 

is only for MIP powder to remove the template. It was washed with acetonitrile after putting it in 

the sonic bath for about 10 minutes and stirring it for 10 minutes. SEM and Raman spectroscopy 

were used to characterize and study the morphology and chemical structure of NPs. 

 

Figure 3 - a) Polymerization in oil bath. b) Product. 



18 

 

2.4 MIP and NIP thin film coated channels 

The MIP and NIP thin films were coated on the MIP and NIP channels, respectively, using 

the electropolymerization technique. The microfluidic channel acted as the working electrode in 

the three-electrode experimental setup, and the polymerization occurred on its surface. The 

polymerization was followed by the washing step for the MIP channel to extract the template. To 

do so, the coated channel was kept in a tube filled with methanol and acetic acid with a ratio of 

9:1. The process took about 2 hours, during which the tube was shaken on a shaker. After this step, 

the channel was kept in the fume hood to dry. Then, two parts of the channel were put together, 

and the MOS sensor was placed at the end of the channel on its predetermined sitting. No washing 

was needed for the NIP channel, and the rest of the process was the same. This channel was coated 

with NIP thin film, which had no recognition sites in its structure, and it was the only difference 

between this channel and the three MIP channels coated with MIP thin film. This channel worked 

as the control channel to be compared with the MIP channels to see the effect of binding sites for 

THC, which exist in the MIP thin film structure. There were three MIP channels, and the only 

difference between these channels was in the monomer (pyrrole): template (THC) ratio of MIP 

thin film coated on the channel. The monomer (pyrrole): template (THC) ratio of MIP thin film is 

an influential parameter in the performance of the channel since it impacts the formation of 

recognition sites in the MIP thin film structure. So the level and strength of the interaction between 

binding sites and analytes, especially THC, is influenced by this ratio. All the above mentioned 

four channels were exposed to 300, 400, 500, 600, and 700 ppm of THC, CBD, methanol, and 

ethanol. The performance of these MIP channels was compared to each other to find the best 

channel and ratio among them. To do so, the performance parameters for each MIP channel were 

calculated and compared to the values gained for the NIP channel. 
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2.5 MIP and NIP NPs coated channels 

The MIP and NIP NPs were coated on the MIP and NIP channels, respectively, after 

oxygen-plasma-treating of Parylene C-coated microchannels. Specific recognition sites for THC 

are present in the MIP NPs channel, while the NIP NPs channel has no recognition sites in its 

structure and acts as the control channel. The coating on the channels was done by the drop-casting 

method. The MOS sensor is then positioned at the end of the channel on its specified sitting after 

the two channel pieces have been assembled. The MIP and NIP channel were exposed to 300, 400, 

500, 600, and 700 ppm of THC, CBD, methanol, and ethanol. The performance parameters for the 

MIP and NIP NPs channels were calculated and compared to each other to find the effect of 

recognition sites in the MIP NPs structure. 

2.6 Microchannel and NPs Characterization 

To study the size, shape, layout, and chemistry of the synthesized NPs and the 

microchannel surface before and after the coating,  scanning electron microscopy (SEM), Raman 

spectroscopy, and X-ray photoelectron spectroscopy (XPS) were conducted. 

2.6.1 Scanning electron microscopy (SEM) 

SEM is a particular kind of microscope that scans a focused electron beam to produce 

enlarged pictures of a target item [90]. A vacuum is created in the microscope chamber by specific 

pumps, and the target sample is put inside the chamber. The vacuum level within the chamber is 

determined by the microscope's design. While some microscopes function best in low vacuum 

conditions, some perform well in high vacuum conditions [91]. An electron cannon is used to emit 

electrons, which go through a series of lenses and form a focused beam that interacts with the 

surface of the target material. Different signals, including secondary electrons, backscattered 

electrons, and distinctive X-rays, are created when the target material and the electron beam 
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interact. The generated signals are detected by various detectors, which then yield the pictures 

[92], [93]. 

2.6.2 X-ray Photoelectron Spectroscopy (XPS) 

A method for examining a material's surface chemistry is XPS. This technique allows for 

the identification and measurement of the elements, chemical states, electronic states, and bound 

elements present in the target material [94], [95]. The target sample's surface is exposed to an X-

ray beam, and special detectors are used to calculate the kinetic energy of the electrons that are 

emitted. By observing ejected electrons at various kinetic energies, a spectrum is created. The 

energy and intensities of the spectrum peaks aid in the identification and measurement of surface 

elements since different atoms emit electrons with various characteristic energies [96].  

2.6.3 Raman spectroscopy 

The molecules in a target sample may be identified using Raman spectroscopy 

characterization tests. This arrangement is a subfield of vibrational spectroscopy in which a sample 

is subjected to a laser or other strong light beam. After the creation of a scattered photon, the 

frequency shift of inelastically scattered light from the sample is measured [97]–[101]. The 

components of a Raman spectrometer include a light source, a monochromator, a sample holder, 

and a detector [102]. 

2.7 Response Analysis 

Sensor relative response, sensitivity, selectivity, and recovery time are a few examples of 

the metrics that can be used to evaluate the performance of microfluidic gas sensors. The relative 

response (∆R/Ra%) is defined as ∆𝑅/𝑅𝑎% =
𝑅𝑎 − 𝑅𝑔

𝑅𝑎
× 100, where Ra is sensor resistance in clean 

air, and Rg is sensor resistance when it was exposed to gas [103], [104]. 
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The slope of the sensor’s relative response versus the analyte concentration (i.e., the 

calibration curve) is the definition of sensitivity. The calibration curves and sensitivity indicators 

were obtained using five different concentrations of the target analytes (300, 400, 500, 600, and 

700 ppm of THC, CBD, Methanol, and Ethanol). 

A gas sensor's selectivity demonstrates how well it can distinguish between response 

signals from various analytes. In this work, two features were extracted from each response signal 

using the Principal Component Analysis (PCA) method (Using MATLAB R2021b) to 

quantitatively analyze and show the sensors' selectivity. In a 2D feature space, these features can 

be utilized to visually illustrate the selectivity. To compare the separation ability and selectivity of 

different sensors toward THC quantitatively, the 2D Euclidean distance between the average of 

THC's PCs distribution and that of another analyte for each sensor, 𝑆𝑒𝑙 =

√(𝐴𝑣𝑔 (𝑃𝐶1𝑇𝐻𝐶) − 𝐴𝑣𝑔 (𝑃𝐶1𝑖))2 + (𝐴𝑣𝑔 (𝑃𝐶2𝑇𝐻𝐶) − 𝐴𝑣𝑔 (𝑃𝐶2𝑖))2, was used [70], [105]. In 

the abovementioned equation, Sel is the selectivity indicator, PC1THC and PC1i are principal 

component 1 values for THC and target analyte i, respectively, and PC2THC and PC2i are principal 

component 2 values for THC and target analyte i, respectively. 

Recovery time is the required time for the signal to return to baseline value after stopping 

the exposure, and here it is defined as the time required for the signal to increase by 90% of the 

difference between maximum and minimum values of the signal [106]. 

2.8 Principal Component Analysis (PCA) 

One of the most often used techniques for dimension reduction and multivariate analysis 

in the literature is PCA [107]. It is a method of distance-based ordination designed to find patterns 

in large datasets. By signaling new and reduced features in lower dimensions, PCA attempts to 

preserve all significant information from the data by creating new spanning vectors. The method's 
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main goal is to identify and describe the underlying pattern in order to determine the connection 

between variables [108].  

2.9 Test setup and data capturing 

A static system allowing the generation of different vapor concentrations was used to study 

the performance of the channels toward different analytes. A precise micro sampler was used to 

inject each VOC (methanol and ethanol) separately into a 40-liter chamber through an analyte 

injection valve on top of the chamber. Then it was left to evaporate. For THC and CBD, a heater 

is needed to evaporate them. So they were put on a heater (5 V ceramic heating plate) placed in 

the chamber for this purpose. To ensure the uniform distribution and circulation of analyte vapor 

in the chamber, a mini fan (5 V LD3007MS mini fan) was placed in the chamber, and the exposure 

began about 15 mins after the addition of the analyte to the chamber. The channels were 

simultaneously exposed to the chamber vapor and then let to recover in clean air. The simultaneous 

exposure and exact timing were provided by a board and a linear actuator. It is important because 

it helps to eliminate any undesirable effects, such as alterations in the analyte's concentration in 

the chamber. To do so, the channels were placed on the board, which was connected to the linear 

actuator controlled by a raspberry pi. By controlling the linear actuator and the board, the holes on 

the chamber face the inlet of the channels for exposure or are blocked to prevent exposure. The 

responses toward 300, 400, 500, 600, and 700 ppm of each analyte were obtained. A raspberry pi 

microcontroller and the manufacturer's electronic circuit were used to record signals. All the tests 

were done in the fume hood, and before each test, the chamber was purged with clean air. Data 

capturing for each test was done in three stages; 1) In clean air without the analyte to check the 

baseline and recovery from the previous test, 2) during the exposure to the analyte, and 3) after 

stopping the exposure and during the recovery step in the clean air. This process was repeated four 
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times for each test to ensure the repeatability of the test. A temperature sensor and a humidity 

sensor were in the chamber, and all tests were conducted at the same temperature and humidity. 

The experimental setup can be seen in Figure 4. 

 

Figure 4 - Experimental setup for gas sensing tests and data capturing 
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Chapter 3: Results and discussion 

3.1 Characterization results 

3.1.1 MIP and NIP NPs SEM 

The SEM image and size distribution of MIP NPs can be found in Figure 5. SEM imaging 

demonstrated spherical MIP NPs morphology with an average size of 168±19 nm. The 

measurement was done on 100 particles with the standard deviation of 19 nm and coefficient of 

variation (CV) of 11.31% which is a very good and acceptable CV%. 

 

Figure 5 – a) SEM image and b) size distribution of MIP NPs 

Figure 6 shows the SEM image and size distribution of NIP NPs. Spherical NIP NPs 

morphology with an average size of 753±75 nm can be found in this figure. 100 particles sizes 

were measured and the standard deviation was 75 nm and the coefficient of variation (CV) was 

10% which is a very good and acceptable CV%.  
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Figure 6 - a) SEM image and b) size distribution of NIP NPs 

The uniformity in shape and size distribution is attributed to the advantage of precipitation 

polymerization method. 

 

3.1.2 MIP and NIP NPs Raman Spectroscopy 

Here we use Raman spectroscopy for the detection of small volumes of target molecules 

of THC in MIP samples on a solid surface as well as verifying the molecular imprinting of the 

polymers. The Raman spectra of imprinted MIP (MIP before template extraction), extracted MIP 

(MIP after template extraction),and NIP are shown in Figure 7. As expected, the imprinted MIP 

Raman spectrum is totally different from extracted MIP and NIP spectra, while there is no 

remarkable difference between extracted MIP and NIP spectra. Distinguishable peaks in 1300, 

1450, 1600, and 2950 cm−1 regions of imprinted MIP spectrum decreased dramatically in extracted 

MIP spectrum, resulting in an almost identical spectrum to the NIP spectrum. Also, in 2950 cm−1 

region a shift in the wavenumber of peak can be seen in the imprinted MIP spectrum compared to 

the NIP and the extracted MIP spectra. These difference are attributed to the presence of THC in 

imprinted MIP and its absence in extracted MIP and NIP. 
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Figure 7 - Raman spectra of imprinted MIP NPs, extracted MIP NPs, and NIP NPs 

3.1.3 MIP and NIP thin film coated microchannels SEM 

Figure 8 presents the SEM images of the channel surface before and after MIP coating. 

The SEM images confirmed the successful modification of the surface with the MIP thin film. As 

shown, the surface morphology of the channel was changed after MIP thin film coating. It can be 

clearly seen that the MIP film uniformly distributed with ripples on the surface. The formation of 

ripples and the thickness are attributed to the viscosity and concentration of the MIP. 
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Figure 8 - SEM images of surface a) before and b) after MIP thin film coating 

3.1.4 MIP and NIP thin film coated microchannels XPS 

 XPS spectra used to provide the information concerning the chemical composition of a 3d 

printed surface, Parylene c, gold, and MIP thin film-coated surfaces (Figure 9). Comparing the 

spectrum before and after Parylene C coating, an increase can be seen in Cl 2p peak attributed to 

chemical composition of Parylene C. After coating of gold, the Au peaks were clearly increased 

in intensity, and peaks related to Cl 2p and C 1s decreased. Carbon and Nitrogen are two elements 

of MIP (polypyrrole) and can be seen in high intensity as C 1s and N 1s peaks after coating of MIP 

thin film on gold. Table 1 shows the information about the surface chemical composition at 

different coating steps. 
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Figure 9 - XPS results of a) 3dprinted surface b) Parylene C coated surface c) Gold coated surface, and d) 

MIP thin film coated surface 

Table 1 - XPS results including peaks and row area 

3dprinted 
  

PC 
 

Peak Row Area (cps ev) 
 

Peak Row Area (cps ev) 

C 1s 628365.8 
 

C 1s 636144.2 

O 1s 468946.7 
 

O 1s 63003.3 

N 1s 34650.8 
 

Cl 2p 197900 

Cl 2p 1483.3 
   

Gold 
  

MIP 
 

Peak Row Area (cps ev) 
 

Peak Row Area (cps ev) 

C 1s 150469.2 
 

C 1s 405643.3 

O 1s 58330 
 

O 1s 466484.2 

Cl 2p 22460 
 

N 1s 97643.3 
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3.2 Gas sensing results 

The performances of the microfluidic gas sensors were investigated based on their response 

to gas exposure. 

3.2.1 MIP and NIP NPs coated channels 

Figure 10 a) and Figure 11 a) display the responses of NIP and MIP NPs channels, 

respectively, to 600 ppm of different analytes (THC, CBD, methanol, ethanol). As expected, there 

is a huge difference between the THC response curve for the MIP channel and the NIP channel 

(the minimum resistance value and recovery time). The amount of drop in the resistance value for 

the MIP channel is much lower than that of the NIP channel showing the trapping of THC 

molecules in the cavities. The longer recovery time is a good indicator of strong molecule-binding 

site interaction. The difference in MIP and NIP channel responses toward each of the other analytes 

(CBD, methanol, ethanol) shows the interaction of recognition sites with each of them, but it is 

obvious that these interactions are much less and weaker than that of THC. Among tested analytes, 

CBD has the most similar structure to THC, and the response of the MIP channel sensor toward 

CBD shows it. Compared to methanol and ethanol, its minimum resistance is closer to THC, which 

shows more interaction with cavities. The longer recovery time, compared to methanol and 

ethanol, shows a stronger interaction between CBD molecules and binding sites. As can be seen 

in the MIP channel responses, among different analytes, methanol’s and ethanol’s NIP channel 

responses are better maintained. They are too small to interact with the recognition sites of THC, 

and if there is any interaction, it will be so weak. Therefore, no huge difference is expected between 

MIP and NIP channel responses for methanol and ethanol. 
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Figure 10 b) and Figure 11 b) show the resistance-time curves of NIP and MIP NPs 

channels to 600 ppm of THC, respectively, during four consecutive cycles indicating full recovery 

after each round and repeatability of the test.  

The calibration curve (relative response versus concentration curve) of NIP and MIP NPs 

channels can be seen in Figure 10 c) and Figure 11 c), respectively. The effect of concentration 

change of an analyte on the response is visualized for both MIP and NIP channels. There are three 

clusters in the MIP curve. The first is the THC cluster. The second one is CBD. The third one 

includes methanol and ethanol. There are no distinguishable and meaningful clusters in the NIP 

curve. These observations were expected based on the provided discussion on the results. As it 

was mentioned, the test for a specific concentration of a specific analyte repeated four times. After 

calculation of the mean, standard deviation, and coefficient of variation (CV) for relative response 

of four replications of each test, the maximum CV was about 5% which is very good and 

acceptable. 

The calculated PC1 and PC2 for each test response have been visualized in Figure 10 d) 

and Figure 11 d) for the NIP and MIP NPs channels, respectively. Each point displays the PC1 and 

PC2 for the response of the channel toward a determined concentration of a determined analyte. 

Unlike the NIP channel, the MIP channel successfully separated THC from other analytes 

demonstrating its selectivity toward THC because of MIP NPs’ recognition sites for THC. The 

quantitative selectivity indicator toward THC is calculated as the 2D Euclidean distance between 

the average values of PC1 and PC2 for THC distribution and that of other analytes’ distributions. 

By sorting these values from the largest to the smallest, we will have (THC-ethanol> THC-

methanol)>> THC-CBD. The larger amount of distance means a bigger difference and more 

selectivity between those two analytes. Among the analytes, CBD has the most similar structure 
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to THC and more interaction with the binding sites, so their distance from each other is the 

smallest. Methanol and ethanol are too small for the cavities and have the least interaction with 

them, so they have greater distance from THC. 

 

Figure 10 - a) NIP NPs channel’s MOS sensor resistance change upon exposure to 600 ppm of four different 

analytes. b) NIP NPs channel’s MOS sensor resistance change for four consecutive cycles of exposure to 600 

ppm of THC. C) The calibration curve (the sensor relative response versus the concentration of the analyte) 

for NIP NPs channel exposed to four analytes. d) The PC1 and PC2 presentation of different analytes for NIP 

NPs channel. 
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Figure 11 - a) MIP NPs channel’s MOS sensor resistance change upon exposure to 600 ppm of four different 

analytes. b) MIP NPs channel’s MOS sensor resistance change for four consecutive cycles of exposure to 600 

ppm of THC. C) The calibration curve (the sensor relative response versus the concentration of the analyte) 

for MIP NPs channel exposed to four analytes. d) The PC1 and PC2 presentation of different analytes for 

MIP NPs channel. 

The response of MIP and NIP channels to different concentrations (300 to 700 ppm) of 

THC, CBD, ethanol, and methanol can be seen in Figure 12 a), b), c), and d), respectively. The 

NIP channel response curves for different analytes have a roughly similar shape with slightly 

different minimum values. However, the MIP channel response curve for THC is totally different 

from that of other analytes due to the specific interaction of cavities with THC, which improves 

the selectivity toward THC. No partial recovery was observed. For both channels, exposure to 

higher concentrations of the analyte results in an increase in the amount of resistance drop. Due to 
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the presence of cavities in the MIP channel and desirable or undesirable interaction of them with 

analytes, the amount of it for the MIP channel is smaller than that of the NIP channel for all 

analytes. Among different analytes’ MIP channel responses, THC response show the least change 

resulted from concentration alteration indicating the best and strongest MIP NPs-analyte 

interaction. Methanol and ethanol response show the most change indicating the weakest MIP 

NPs-analyte interaction. 

 

Figure 12 – The resistance versus time graphs for two channels upon exposure to five different concentrations 

(300 ppm–700 ppm) of  a) THC, b) CBD, c) ethanol, d) methanol. 

No specific recognition sites exist in the structure of NIP NPs, and no remarkable 

difference is observed between the responses toward different analytes. For example, for 500 ppm 

of methanol, ethanol, CBD, and THC, the relative responses were 32.39%, 33.42%, 35.07%, and 

300 ppm 

700 ppm 

300 ppm 

700 ppm 

300 ppm 

700 ppm 

300 ppm 

700 ppm 
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37.83%, respectively, and the recovery time for that were 238 s, 266 s, 321 s, and 299 s, 

respectively. The selectivity toward THC was quantified by calculating the 2D Euclidean distance. 

For 500 ppm, the distance between THC and CBD were found to be 20.78. 

Compared to NIP NPs, considering the MIP NPs’ response toward 500 ppm of methanol, 

ethanol, and CBD, the relative responses were 30.75% (5% decrease), 31.77% (5% decrease), and 

19.43% (45% decrease), respectively, and recovery times were 290 s (18% increase), 353 s (25% 

increase), and 453 s (29% increase), respectively. While for 500 ppm of THC, there was a decrease 

of 78% in relative response (8.48%) and an increase of about 46% in the recovery time (555 s). 

The channel’s sensitivity toward THC had 93% decrease, while it was 17% decrease for methanol 

and ethanol and 33% decrease for CBD. For 500 ppm, the 2D distance between THC and CBD 

were 84.01 (304% increase). This channel is more selective to THC than NIP NPs channel. 

3.2.2 MIP and NIP thin film coated channels 

Figure 13 a), Figure 14 a), Figure 15 a), and Figure 16 a) show the responses of NIP thin 

film, MIP thin film 1, 2, and 3 channels, respectively, to 300 ppm of different analytes (THC, 

CBD, methanol, ethanol). The MIP channels’ responses to THC were different from the NIP 

channel's, which is to be anticipated. The resistance value dropped in all channels, but the MIP 

channels’ decline was less than the NIP channel's drop indicating that THC molecules were trapped 

in the cavities. It is clear that the interaction of recognition sites with the other analytes (CBD, 

methanol, ethanol) is less and weaker than that of THC, as shown by the differences in MIP 

channels and NIP channel responses toward each of them. 

The resistance-time curves of NIP thin film, MIP thin film 1, 2, and 3 channels to 300 ppm 

of THC over the course of four consecutive tests are shown in Figure 13 b), Figure 14 b), Figure 



35 

 

15 b), and Figure 16 b), respectively, demonstrating complete recovery after each round and 

repeatability of the test. 

The relative response-concentration curve, the calibration curve, of NIP thin film, MIP thin 

film 1, 2, and 3 channels have been presented in Figure 13 c), Figure 14 c), Figure 15 c), and Figure 

16 c), respectively. Among the MIP thin film channels, MIP thin film 1 has the greatest monomer 

(pyrrole): template (THC) ratio resulting in self-aggregation and an increase in the nonselective 

interaction of binding sites with analytes other than THC. MIP thin film 3 has the lowest monomer 

(pyrrole): template (THC) ratio resulting in less than ideal assembly and the lack of appropriate 

binding sites. The results obtained from these channels support the provided discussion. By 

comparing NIP channel response to CBD, ethanol, and methanol with MIP thin film channels, it 

can be observed that the relative response decrease for MIP thin film 1 is greater than that of MIP 

thin film 2 and 3, indicating the nonselective interaction with CBD, ethanol, and methanol. Also, 

by comparing NIP channel response to THC with MIP thin film channels, it is evident that the 

lowest decrease is for MIP thin film 3, indicating the lack of binding sites and assembly. We can 

see how varying analyte concentrations affect the resulting response. The MIP thin film 2 curve 

can be divided into three distinct groups. The THC cluster comes first. CBD is the second. 

Methanol and ethanol are components of the third. The NIP thin film, does not break down into 

relevant subgroups. The mentioned clusters are not clearly distinguishable in MIP thin film 1, and 

MIP thin film 3 curves. Each concentration of each analyte was tested four times. The greatest 

coefficient of variation (CV) for relative response of four replications of each test was 8% which 

is satisfactory and acceptable. 

After extracting the two first principal components (PC1 and PC2) from each response, a 

2D plot presented them. Figure 13 d), Figure 14 d), Figure 15 d), and Figure 16 d), show them for 
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NIP thin film, MIP thin film 1, 2, and 3 channels, respectively. A channel's PC1 and PC2 for its 

response to a determined concentration of an analyte are shown for each data point. In this case 

and by observing these four graphs, it can be said that the more compact the THC cluster, the more 

selective the channel is. 

 

Figure 13 - a) NIP thin film channel’s MOS sensor resistance change upon exposure to 300 ppm of four 

different analytes. b) NIP thin film channel’s MOS sensor resistance change for four consecutive cycles of 

exposure to 300 ppm of THC. C) The calibration curve (the sensor relative response versus the concentration 

of the analyte) for NIP thin film channel exposed to four analytes. d) The PC1 and PC2 presentation of 

different analytes for NIP thin film channel. 
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Figure 14 - a) MIP thin film 1 channel’s MOS sensor resistance change upon exposure to 300 ppm of four 

different analytes. b) MIP thin film 1 channel’s MOS sensor resistance change for four consecutive cycles of 

exposure to 300 ppm of THC. C) The calibration curve (the sensor relative response versus the concentration 

of the analyte) for MIP thin film 1 channel exposed to four analytes. d) The PC1 and PC2 presentation of 

different analytes for MIP thin film 1 channel. 
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Figure 15 - a) MIP thin film 2 channel’s MOS sensor resistance change upon exposure to 300 ppm of four 

different analytes. b) MIP thin film 2 channel’s MOS sensor resistance change for four consecutive cycles of 

exposure to 300 ppm of THC. C) The calibration curve (the sensor relative response versus the concentration 

of the analyte) for MIP thin film 2 channel exposed to four analytes. d) The PC1 and PC2 presentation of 

different analytes for MIP thin film 2 channel. 
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Figure 16 - a) MIP thin film 3 channel’s MOS sensor resistance change upon exposure to 300 ppm of four 

different analytes. b) MIP thin film 3 channel’s MOS sensor resistance change for four consecutive cycles of 

exposure to 300 ppm of THC. C) The calibration curve (the sensor relative response versus the concentration 

of the analyte) for MIP thin film 3 channel exposed to four analytes. d) The PC1 and PC2 presentation of 

different analytes for MIP thin film 3 channel. 

No considerable difference is seen in the response of NIP thin film channel to the same 

concentration of different analytes. The amount of resistance drop because of exposure to an equal 

concentration of different analytes is approximately the same. The selectivity indicator values were 

observed. The Euclidean distances are too small compared to MIP thin film channels. This channel 

has poor selectivity performance toward THC. For example, for the response of NIP thin film 

toward 400 ppm of methanol, ethanol, CBD, and THC, the relative response is 36.10%, 37.98%, 
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39.55%, and 40.95%, respectively, and the distance between THC and CBD were found to be 

32.02. 

MIP thin film 2 has showed the best performance considering the channel capability of 

THC recognition by observing the response graphs and the selectivity indicator values. The level 

and quality of the interaction with THC molecules is much higher and stronger than that of other 

analytes (methanol, ethanol, and CBD). The resistance drop because of THC exposure is much 

less than the decrease caused by methanol, ethanol, or CBD exposure. The selectivity indicator 

values were calculated. The Euclidean distances are greater, compared to NIP Thin Film channel. 

For example, 400 ppm, the distance between THC and CBD were 50.94 (59.11% increase). 

Besides, for 400 ppm of methanol, ethanol, and CBD, the relative response is 30.80% (15% 

decrease), 31.78% (16% decrease), and 26.97% (32% decrease), respectively. While for 400 ppm 

of THC, there is a decrease of about 50% in relative response (20.02%). The channel’s sensitivity 

toward THC had 62.5% decrease, while it was  25% decrease for CBD, and roughly no change for 

methanol and ethanol. This was expected since CBD is the most similar molecule to THC among 

the investigated analytes, and the molecular shape and size of methanol and ethanol preclude them 

from interacting with the THC recognition sites, and even if they do, their interactions would be 

minimal. This suggests that the channel responses for MIP and NIP should not differ greatly from 

one another.  

The response of MIP thin film 2 and NIP thin film channels to different concentrations 

(300 to 700 ppm) of THC, CBD, Ethanol, and Methanol can be seen in Figure 17 a), b), c), and d), 

respectively. The differences originate from MIP thin film cavities, and the interaction of these 

cavities with analytes is obvious. For MIP thin film 2 (compared to NIP channel), the decrease in 
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the resistance value of the sensor caused by analyte exposure is smaller for all concentrations of 

all analytes (methanol, ethanol, CBD, and THC).  

 

Figure 17 - The resistance versus time graphs for two channels upon exposure to five different concentrations 

(300 ppm–700 ppm) of  a) THC, b) CBD, c) ethanol, d) methanol. 

3.3 Statistical Analysis 

Based on the results that obtained from gas sensing experiments, the properties of the 

microfluidic gas sensors, and the designed experiments, it is anticipated for the results to be 

sensitive to and determined by the concentration of the analyte, the analyte, and the coating of the 

channel. The effect of these three factors on the results were discussed thoroughly in the previous 

sections. Here, we want to ensure about the sensitivity of the results to these factors and the 

significance of these three factors using three-way ANOVA (analysis of variance) method in 

300 ppm 

700 ppm 

300 ppm 

700 ppm 

300 ppm 

700 ppm 

300 ppm 

700 ppm 



42 

 

MATLAB as a statistical analysis method. In this method, a significance level is decided as 

α=0.05. By calculating the p-value attributed to each factor, the significance of that factor can be 

obtained. The p-value is an indicator of the probability which is compared to the significance level 

(α). If the p-value of a factor is smaller than α, that factor is significant and the result is sensitive 

to the change of that factor.   

For the NPs coated channels results, the p-values were calculated for the mentioned factors 

(the concentration of the analyte, the analyte, and the coating of the channel) and they were 2.39e-

29, 6.76e-5, and 2.85e-9. All the p-values were dramatically smaller than α=0.05, indicating the 

significance of all the three factors and the sensitivity of the result to the change of these factors. 

For the thin film coated channels, the calculated p-values were 7.89e-46, 7.87e-5, and 

1.71e-29. Comparing to α=0.05, they were dramatically smaller. The mentioned three factors were 

significant and the result is sensitive to the change of these factors. 

3.4 Classification 

By observing the results obtained from MIP an NIP channels, it can be concluded that a 

dual MIP-NIP system seems ideal for selective detection using MOS based microfluidic device. 

The data obtained from MIP and NIP NPs channels were combined, and the Fine KNN 

classification model available in MATLAB R2021b Classification Learner App was applied on 

this data to assess the capability to classify the data in four classes including THC, CBD, ethanol, 

and methanol. 

The principal component analysis was applied on the data before classification, and the 

effect of number of principal components that were used is shown in Figure 18 a). By increasing 

the number of principal components, the best accuracy achieved with 4 of them. In Figure 18 b), 

the confusion matrix obtained from the classifier can be found. The classifier was able to do the 
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classification with an accuracy of 96.3%. The important class for us is the THC class, and the 

confusion between methanol and ethanol classes is negligible.  

 

Figure 18 – a) Classification accuracy versus the number of used principal components, and b) The confusion 

matrix when the combined data from MIP and NIP NPs channels were used for the classification. 

The same steps were taken for the MIP thin film 2 channel and NIP thin film channel. 

The best accuracy (100 %) achieved by using 3 or 4 principal components. In Figure 19 a) and 

b), the effect of number of principal components and the confusion matrix obtained by using 3 

principal components can be found, respectively. 
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Figure 19 - a) Classification accuracy versus the number of used principal components, and b) The confusion 

matrix when the combined data from MIP thin film 2 and NIP thin film channels were used for the 

classification. 

By taking a look at the elbow curve obtained for the NPs coated channels data (Figure 20 

a), it can be said that the k=4 is the optimized k. The optimized k for the thin coated channels 

data is 4. It is obtained by observing the elbow curve of the data (Figure 20 b). 

 

Figure 20 - Elbow curve for a) NPs coated channels data and b) thin film coated channels data 
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Chapter 4: Conclusion and future works 

4.1 Conclusion 

The ability to identify a THC sample is of utmost importance. The purpose of this study 

was to determine whether a given gas sample is a THC sample. The integration of THC MIPs and 

NIPs along with microfluidic devices (microfluidic channels and MOS sensors) made it possible 

to do so. The presence of THC recognition sites in the MIPs structure enhanced the selectivity of 

the channel toward THC. 

In our first study, the MIP and NIP NPs were coated on the surface of two microfluidic 

channels. According to the responses and calculated parameters, the NIP NPs channel selectivity 

performance toward THC was poor while the MIP NPs channel was able to differentiate THC 

from CBD, methanol, and ethanol owing to the presence of THC recognition sites in MIP structure. 

By observing the difference between the responses of these two channels upon exposure to a gas 

sample, one can figure out whether a gas sample is a THC sample. 

In our second study, three microfluidic channels were coated with MIP thin film, and one 

microfluidic channel was coated with NIP thin film. The only difference between the MIP thin 

film channels was the monomer (pyrrole): template (THC) ratio of the coated thin film. Among 

these three MIP thin film channels, one (MIP thin film 2) with the best selectivity performance 

toward THC was picked. By observing the difference between the responses of this channel and 

the NIP thin film channel, one can determine if a gas sample is a THC sample. Self-aggregation 

and a rise in the nonselective interaction of binding sites with analytes other than THC occurred at 

the channel (MIP thin film 1) with a higher monomer (pyrrole): template (THC) ratio. A lower 

ratio of pyrrole monomers to THC templates leads to poor assembly and an absence of suitable 

binding sites in the MIP thin film 3 channel. 
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Considering the data from both the MIP and NIP channels, it seems that a dual MIP-NIP 

system is the way to go for selective detection in a microfluidic device based on a MOS. The 

combined response data of MIP and NIP NPs channels were classified in four classes (THC, CBD, 

ethanol, and methanol) with 96.3% accuracy using the Fine KNN classification model available in 

MATLAB R2021b Classification Learner App. The same process and classification was done with 

the MIP thin film 2 and NIP thin film channels data successfully.  

The results indicate that MIP and NIP NPs channels can be used together, and MIP and 

NIP thin film channels can be used together to successfully differentiate a THC gas sample from 

a methanol, ethanol, or CBD sample.  

4.2 Future works 

In this study, the feasibility of integration between MIPs, NIPs, microfluidic channels, and 

MOS sensors was shown to distinguish a THC sample from a methanol, ethanol, or CBD sample. 

Here, the thin film format and NPs format of MIPs were exposed to gases and tested separately. 

In each test, potential errors may be faced that vary from one test to another, such as the preparation 

of a gas sample. For future studies and precise comparison between MIP thin film and NPs 

performance, it is recommended to conduct a series of experiments containing both of them to be 

exposed simultaneously to gas samples. Also, it should be considered that in the thin film channels, 

a coating of chrome and gold existed between Parylene C coating and MIP thin film. While in the 

MIP NPs channel, there is no coating between Parylene C and MIP NPs. The presence of the layer 

of gold and chrome influences the interaction between analytes and the channel walls resulting in 

effects on the response and performance parameters. This is another factor that should be 

considered and studied for an accurate comparison between MIP thin film and NPs channels. 
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The performance and selectivity of the MIP-NIP thin film dual channel and MIP-NIP NPs 

dual channel can be studied and compared to each other. The MIP-NIP thin film dual channel and 

MIP-NIP NPs dual channel can be exposed to blend gas samples with more than one analyte in 

them to assess their capabilities and performance upon exposure to blend gas samples. The same 

devices can be fabricated for other analytes of interest by preparing the MIPs for that specific 

analyte. 

Fabricating an array of MIP-NIP microchannel sensors for different analytes can be a good 

idea to benefit from a selective detection toward blend gas samples. In this case, this array would 

be capable of detecting different present analytes in a blend gas sample. 

The sensitivity and selectivity of the developed devices can be tuned based on the specific 

application (e.g., extraction technologies or breath analysis). The MOS detector, the geometries of 

microchannel, the embedded microfeatures, the coatings of microchannel surface, and the 

thickness of MIP and NIP coating are some of the factors that can be changed to detect lower or 

higher concentrations. 

The integration of MIPs with other gas detection methods, such as optical methods and 

electrochemical devices (e.g., interdigitated electrodes), can be studied. For example, MIP NPs 

synthesized in this study are not conductive, so they cannot be used as a coating on the surface of 

an interdigitated electrode (IDE) to fabricate an electrochemical sensor. To do so, MIP 

nanocomposites can be prepared. Then this prepared nanocomposite can be coated on an IDE as a 

conductive layer to fabricate a selective electrochemical device by the integration of MIP 

nanocomposites and IDEs. 
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MIPs’ compatibility with microfabrication technology is another potential research area so 

they can applied for portable and wearable THC sensing devices using blood, urine, saliva, and 

breath samples.  
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